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A B S T R A C T

Antimicrobial molecules have been used for more than 50 years now and are the basis of modern medicine.
No surgery can nowdays be imagined to be performed without antibiotics; dreadful diseases like tuberculosis,
leprosis, siphilys, and more broadly all microbial induced diseases, can be cured only through the use of an-
timicrobial treatments. However, the situation is becoming more and more complex because of the ability of
microbes to adapt, develop, acquire, and share mechanisms of resistance to antimicrobial agents. We choose
to introduce this review by drawing the panorama of antimicrobial discovery and development, but also of the
emergence of microbial resistance. Then we describe how Atomic Force Microscopy (AFM) can be used to
provide a better understanding of the mechanisms of action of these drugs at the nanoscale level on microbial
interfaces. In this section, we will address these questions: (1) how does drug treatment affect the morphology
of single microbes?; (2) do antimicrobial molecules modify the nanomechanical properties of microbes, or do
the nanomechanical properties of microbes play a role in antimicrobial activity and efficiency?; and (3) how
are the adhesive abilitites of microbes affected by antimicrobial drugs treatment? Finally, in a second part
of this review we focus on recent studies aimed at changing the paradigm of the single molecule/cell tech-
nology that AFM typically represents. Recent work dealing with the creation of a microbe array which can
be explored by AFM will be presented, as these developments constitute the first steps toward transforming
AFM into a higher throughput technology. We also discuss papers using AFM as NanoMechnanicalSensors
(NEMS), and demonstrate the interest of such approaches in clinical microbiology to detect quickly and with
high accuracy microbial resistance.

© 2017.

1. Introduction

Most pathogenic bacteria and yeasts are part of the human nat-
ural flora. But in some cases, these commensal bacteria become patho-
genic, particularly in immunocompromised patients. It is to fight these
bacteria that antibiotics were developed. An antibiotic is defined as
a substance that inhibits the growth or kills microorganisms. After
the discovery of the first antibacterial in the early 1900’s, the de-
velopment of antibiotics and antifungals knew, during the 20th cen-
tury, a golden era, where many different molecules were identified
and used massively on patients. This led, unfortunately, to the devel-
opment of resistance mechanisms by the microbes exposed to these

Corresponding authors at: LAAS-CNRS, Université de Toulouse, CNRS, Toulouse,
France.
Email addresses: formosa@insa-toulouse.fr (C. Formosa-Dague); edague@laas.fr
(E. Dague)
1 Present address: LISBP, Université de Toulouse, CNRS UMR 5504, INRA
UMR 792, INSA, 135 Avenue de Rangeuil, F-31077 Toulouse, France.

molecules. Whereas for decades the screening approaches used to dis-
cover new antibiotics were successful, nowadays the discovery rate of
new molecules has dropped dramatically. Indeed, since 1987 no new
antibiotic class was found. And in the meantime, microbes continued
to evolve at the rate of a new generation every 20 min for some strains,
and therefore some have now become resistant to all known antibi-
otics. We must acknowledge this present situation, which can be sum-
marized by the sentence “bad bugs, no drugs” [2].

In this context, several strategies could help finding a way out
of this situation. The increasing number of antimicrobial resistant
microorganisms motivates prospective research toward discovery of
new antimicrobial substances. Indeed, the need for new antimicro-
bial agents is high, and if no new agents are discovered, many of the
current therapies will no longer work in the future, even for com-
mon infections [3,4]. But as antimicrobial resistance increases, the
race will intensify between microbes and novel drug discovery and de-
velopment efforts. Moreover, there are controversies concerning the
cost-effectiveness of such research. Therefore new strategies have to
be developed to overcome pathogen resistance. One of these strategies

http://dx.doi.org/10.1016/j.semcdb.2017.06.022
1084-9521/© 2017.
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developed for bacteria is the analysis of the bacterial genome, that
constitute a way to identify new targets, by looking at the “inside”
of the bacteria, i. e. at their chromosomes and plasmids [5]. How-
ever, what about the “outside” of bacteria? And what about the yeast
cell wall? To combat drug resistance, it is necessary to develop new
technologies that allow the study of the cell envelope of bacteria and
pathogenic yeasts, since this is where components that are unique and
essential for the microorganisms are. In the context of antimicrobial
therapies, the cell surface represents also the first interface in interac-
tion with antimicrobial molecules.

In this context, Atomic Force Microscopy (AFM) [6], a technol-
ogy adapted from physics to the field of microbiology, is particularly
well suited to the study of microorganisms as it combines a high-res-
olution imaging capacity with little sample preparation. In addition,
samples can be imaged in fluid environments, which provides possi-
bilities for monitoring live microbes in real-time. Different imaging
modes have been developed over time; the principal ones used for
imaging of microbes are contact mode and oscillating mode (or dy-
namic mode). While in contact mode, a sharp tip scans a sample with
a force applied maintained constant by adjusting the tip height; in os-
cillating mode, stiff cantilevers are oscillated close to resonance fre-
quency while scanning across a sample. Although contact mode has
been widely used on different bacterial and yeasts species, its appli-
cation to soft biological samples often requires careful manipulation
as the lateral forces exerted by the tip can damage the samples. In os-
cillating mode, used in its simplest application, it is the change in the
oscillation during the scanning that reports on the topography of the
sample. Therefore in this mode frictions are in principle, significantly
reduced. However in some cases of biological samples imaged under
physiological conditions, the electrolytes present in the medium can
interact with the tip through low-range surface forces that can affect
the vibration of the tip during its trajectory. As a result, the oscillation
amplitude can be modified, leading to a deformation of the sample.
To circumvent these problems, imaging through force spectroscopy
mode was developed. Indeed, AFM is not only an imaging technol-
ogy; it is also a highly sensitive force machine, able to measure forces
as small as 20 pN. An AFM is therefore able to record force-distance
curves, where the force experienced by the probe is plotted as a func-
tion of the probe-sample separation distance. These force curves can
then be interpreted through a physical model that provides access to
the biophysical properties of the living material, i. e. its nanomechan-
ical and nanoadhesive properties [7,8]. But to use force spectroscopy
as an imaging mode, a matrix of force curves should be acquired
across a sample surface, a process known as force-volume imaging.
This mode presents the advantages of avoiding lateral forces and thus
damaging of the sample, while simultaneously collecting information
on its topography and biophysical properties. Moreover, tips used can
be functionalized, either with biomolecules or with single living cells,
which opens up the way to study specific molecular interactions at the
cellular interface [9,10], or between two different or similar cellular
interfaces [11–13]. However, the time needed to record a high-reso-
lution image in this mode does not match the dynamics of biological
processes. Therefore advanced multiparametric imaging modes were
developed. These modes are based on force curve acquisition but are
processed much quicker than classical force-volume, therefore allow-
ing high-resolution multiparametric imaging of soft biological sam-
ples under liquid conditions [7,14].

In the first part of this review, we will show how AFM technol-
ogy used in the different modes described above contributes to under-
stand the effects of antimicrobial molecules on sensitive and resistant
microbes, including the mechanisms of action of these molecules and
the mechanism of resistance microbes have developed against these

molecules. Although AFM has only been used to date as a fundamen-
tal research tool, increasing fundamental knowledge on bacterial resis-
tance at the nanoscale and recent technological advances portend that
such an instrument could be brought directly into a health-care system.
For instance, AFM could be used to provide fast identification of bac-
teria or yeast in samples from infected patients, as well as fast deter-
mination of their susceptibility profile towards antimicrobials. Indeed,
providing such diagnosis at the moment requires sub-culturing the
sample, using susceptibility testing methods, and identification tests
that require at least 24 h to provide results. Not only would a rapid di-
agnosis tool greatly benefit patients, but would also reduce costs by
reducing working time as well as mortality and morbidity rates. In the
second part of this review, we will present the recent advances made
towards this goal. One of these developments consists of the develop-
ment of cell arrays and automation systems for AFM measurements
on these arrays. Although this solution is still at an early stage of de-
velopment, other techniques involving AFM have already proven effi-
cient to diagnose microbial resistance, such as for example the use of
nanomechanical sensors.

2. Topographical and functional imaging of pathogenic
microorganisms in interactions with antimicrobial molecules

In this first section, we will discuss how AFM used in imaging and
force spectroscopy modes can reveal the morphological changes in-
duced by antimicrobial treatments on both sensitive and resistant bac-
terial and yeast strains, as well as the modification of their nanome-
chanical and adhesive properties induced by these treatments.

2.1. Antimicrobial treatments affects the morphology of microbial
cells at the nanoscale

One of the most common applications of AFM in microbiology
consists of the direct visualization of the morphology of microorgan-
isms [15]. It has been shown in several studies that some antibiotics
had an effect on the morphology of bacterial or fungal cells. Pioneer
work in the field conducted for example by Braga and Richi showed
the morphology changes undertaken by Streptococcus pyogenes cells
under rokitamicyn treatment, a macrolide antibiotic [16], or by Bacil-
lus cereus cells after treatment by daptomycin, a lipopeptide antibiotic
[17]. Later, work conducted by Soon et al. demonstrated the changes
induced by colistin, a last chance antibiotic from the polymyxin class,
on the morphology of colistin-resistant Acinetobacter baumannii cells
[18]. As for yeast cells and their interactions with antifungals, al-
though only a few studies were conducted to date using AFM, the
workof for example Kim et al. showed that allicin, when combined
with amphotericin B, a polyene antifungal, induced significant cell
wall damage to Candida albicans cells [19]. Then, with the advances
made in the field of living cell immobilization, similar studies con-
ducted on living cells in liquid conditions could be performed.For-
mosa et al. showed the elongation of living Pseudomonas aeruginosa
cells under penicillin treatment (ticarcillin) [20], and also the elonga-
tion of Saccharomyces cerevisiae cells due to the impairment of cy-
tokinesis induced by caspofungin treatment (echinocandin class) [21].

Antimicrobial treatment does not always involve a chemical mole-
cule. Indeed, inactivating bacterial cells or spores can also be achieved
through physical methods, as for example by electroporation. This
technique was recently used by Pillet et al. to inactivate both vege-
tative and spore forms of Bacillus pumilus, a non-pathogenic model
of food contaminants [22]. To this end, the authors applied pulsed
electric fields (PEF), a method that uses short pulses of
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electricity to inactivate bacterial cells (Fig. 1). After optimization of
the PEF parameters, they showed, thanks to AFM imaging in com-
bination with scanning electron microscopy (SEM) and transmission
electron microscopy (TEM), that PEF treatment on vegetative cells af-
fected directly the architecture of the cell wall (Fig. 1a–f). Indeed, the
peptidoglycan network was ruptured by the PEF treatment, leading to
its permeabilization and leakage of the cell’s contents. Similar to the
spores of B. pumilus, PEF treatment induced damage in the internal
parts of the spore (on the cortex and core of the spores), as seen by
TEM imaging. Moreover, both SEM and AFM topographical images
showed the formation of budding structures at the surface of the coat
of the spores, as seen in Fig. 1h, k and l. The coat of B. pumilus spores
is composed of protein ridges, conferring resistance and hydropho-
bicity to the spores. By applying PEF on these spores, the authors in
fact modified these protein ridges, and thus decreased the hydrophobic
properties of the spores. In summary, this study, using AFM, showed
not only that PEF exposure was efficient to inactivate bacterial cells
and spores, it also produced evidence that PEF alters the integrity and
architecture of the cell wall of bacteria, not only of the cell membrane
as it was believed.

However, in most studies, the effects of antimicrobial molecules
or treatment are studied after the treatment was applied. Therefore,
only the resulting consequences on morphology are quantified. Look-
ing in real time at the effects of antimicrobial treatments, directly on
living cells would provide valuable information on the mechanism of
action of these treatments, and on the defense mechanisms microor-
ganisms develop against these treatments. This real-time monitoring
on live cells is nowadays possible, thanks to AFM technology. In-
deed, in recent years High-Speed AFM (HS-AFM) was developed,
independently by the groups led by Hansma [23,24] and Ando [25],
which thus offered a means to study dynamic molecular processes.

However, in order to increase the imaging speed of AFM, several
technological developments had to be made, including (1) short can-
tilevers able to oscillate at high frequencies while maintaining a low
spring constant (2) Z-scanners with no mechanical vibrations; and (3)
controllers able to dynamically tune the feedback gains during imag-
ing to minimize the tip-sample forces [26]. HS-AFM has so far been
successfully used to image protein dynamics, such as the walking of
myosin V on actin filaments [27], and the elongation and retraction
of nucleoporins in nuclear pore complexes (NPC) [28]. However, due
to the limitation of the small sample height required to perform such
experiments, only a few studies were conducted on entire living mi-
croorganisms. Fantner et al. used this technique to study the kinetic
effects of exposure of E. coli cells to an antimicrobial peptide [29].
Their results, presented in Fig. 2a, led to a complete understanding of
the mechanism of action of this molecule, which is in fact a two-step
process; a first phase of incubation that can vary from seconds to min-
utes depending on the cells, and a second execution phase, which in
50% of the cases is achieved in less than one minute. More recently,
a study conducted by Watanabe et al. showed that HS-AFM could
be used to image the bacteriolysis process of B. subtilis exposed to
lysozyme treatment. Their results showed that lysozyme first induces
an increase of the cell surface roughness, with the appearance of wrin-
kled structures that is followed by a swelling of the cells and their lysis
due probably to an excessive osmotic pressure (Fig. 2b) [30]. These
two studies offer proof that HS-AFM is a powerful technique to un-
derstand the mechanism of action of antimicrobial molecules. Its use
on multi-drug resistant microbes could therefore likely highlight the
mechanisms of resistance of these microorganisms, which would pro-
vide valuable information that could be used to better manage antimi-
crobial treatments on patients.

Fig. 1. Pulsed electric fields effects on Bacillus pumilus cells and spores. (a) SEM image of untreated vegetative bacteria, (b) or after PEF exposure (1000 micropulses at 7.5 kV/cm).
White arrows indicate surface damage. (c) AFM height image of an untreated vegetative bacterial cell and (d) high-resolution AFM height image recorded on the area squared in (c).
(e) AFM height image of a vegetative bacterial cell after PEF exposure and (f) high-resolution AFM height image recorded on the area squared on (e). (g) SEM image of an untreated
spore; white arrows indicate protein ridges. (h) SEM image of a spore after PEF exposure (1000 micropulses at 7.5 kV/cm); white arrows indicate budding structures. (i) AFM height
image of an untreated spore and (j) high-resolution AFM height image recorded on the area squared in (i). (k) AFM height image of a spore after PEF exposure and (l) high-resolution
AFM height image recorded on the area squared on (k). Reprinted with permissions from Ref. [22].
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Fig. 2. Fast imaging of the effects of antibacterial treatments on live cells. (a) Escherichia coli cell disruption induced by CM15, imaged with high-speed AFM. CM15 injected at
t = 6 s and images recorded every 13 s, with a resolution of 1024 × 256 pixels and a rate of 20 lines s−1. The surface of the upper bacterium (1) starts changing within 13 s. The lower
bacterium (2) resists changing for 78 s (b) High-speed AFM successive images of bacteriolysis process of Bacillus subtilis subjected to lysozyme. Lysozyme was injected at t = 240 s.
Scan range, 5 × 5 μm2; imaging rate, 20 s/frame; pixels, 256 × 256. Reprinted with permissions from Refs. [29,30].

2.2. Nanomechanical properties of cells influence their response to
antimicrobial treatment

The nanomechanical properties of microbes can be investigated us-
ing AFM in force spectroscopy mode, through nanoindentation mea-
surements. These measurements, providing access to the cell wall
spring constant (stiffness) or elasticity (Young’s modulus), are of first
interest as they provide information on the state of the most impor-
tant microbial component. Indeed, for microbes the cell wall is vital,
as it maintains cell shape and integrity, and protects the interior of the
cell from the surrounding environment [31]. The cell wall of microbes
represents also the first interface that antimicrobial molecules meet
during a treatment; many studies have shown that not only its mor

phology was modified upon treatment, but also its mechanical prop-
erties, through deep remodelling of its composition and architecture.
First examples of such modifications induced by antimicrobials were
provided for example by Francius et al., who showed that lysostaphin,
an enzyme with a specific activity on peptidoglycan, induced a de-
crease both in the elasticity and stiffness of living Staphylococcus au-
reus cells [32]. Additionally, Mortensen et al. showed on P. aerug-
inosa cells that colistin induced an increase of the cell wall stiff-
ness after only two hours of exposure [33]. As for yeast cells, an-
tifungal treatments also are able to modify their cell wall nanome-
chanical properties. In a recent study, the effects of caspofungin, a
last chance antifungal molecule from the echinocandin class, were
probed using nanoindentation measurements on the cell wall of the
human pathogen Candida albicans [21]. The authors of this study
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showed that an increasing dose of caspofungin led to a gradual in-
crease of the Young’s modulus of the cell wall. By combining these
analyses with biochemical determination of the composition of the cell
wall of the cells, the authors could directly correlate the Young’s mod-
ulus to the chitin content of the cell wall. Indeed, caspofungin treat-
ment induces a remodeling of the architecture of the cell wall by in-
ducing an increase of the chitin production, a rigid polymer naturally
present in C. albicans cell wall, thus increasing the Young’s modulus.

The cell wall changes induced by antimicrobial molecules can also
have consequences on the behavior of the microbial cells in direct
applications in health-care systems, such as the sterilization of flu-
ids by microfiltration, for example. This aspect was recently explored
by Gaveau et al. using AFM. In this study [34], the authors treated
the three bacterial species most often involved in nosocomial infec-
tions, S. aureus, P. aeruginosa and E. coli, with β-lactam antibiotics
that specificically target the peptidoglycan of bacteria. The results
obtained through nanoindentation measurements revealed that antibi-
otics, by inducing a decrease of the elasticity of the bacteria cell walls,
made the bacterial cells more deformable. This led to an amplified
transfer of the cells through the pores of the membranes used in filtra-
tion (pore size of 0.4 μm) and thus to a lowered retention efficiency by
the membrane. The authors varied the filtration parameters and devel-
oped a numerical model to connect the retention efficiencies measured
in their different conditions with the nanomechanical properties of the
bacterial cells. The conclusions reached from this work suggest that
treating cells with antimicrobials, at least at the sub-lethal concentra-
tions that were used in this study, unwanted consequences may occur,
such as the amplification of the contamination on the filtrated fluids.

But nanomechanical studies cannot be reduced only to the quan-
tification of elasticity or stiffness. Indeed, nanomechanical measure-
ments, when used on certain microbes can reveal the architecture of
ultrastructure present at the surface of cells. In this view, recent stud-
ies focused on the bacterial species Klebsiella pneumoniae, which pre-
sents on its urface a thick capsule composed of a polysaccharidic poly-
mer, in which are embedded the lipopolysaccharide (LPS) as well as
surface appendages like fimbriae. A first study conducted in 2013
by Wang et al. showed through nanoindentation measurements the
role of the architecture of this capsule in resistance of K. pneumo-
niae cells to osmotic pressure [35]. The authors performed the ex-
periments on different strains of K. pneumoniae either expressing or
not expressing the capsule, exposed to extreme osmotic conditions
(variation of the electrolyte concentration in the media). The resulting
force curves of these experiments were fitted through several phys-
ical models described in Fig. 3a, which allowed the authors to pro-
vide an understanding of the biophysical behavior of the capsule un-
der osmotic stress. Using this methodology, they could then determine
that under low electrolyte conditions, the capsule is hydrated and or-
ganized as a polymer brush, whereas under high electrolyte concentra-
tion, this brush is partially collapsed and dehydrated. They concluded
that the capsule of K. pneumoniae behaves like an ion sponge, pro-
tecting the cells from osmotic stress by ensuring they maintain viable
cytoplasmic turgor pressure. The question then arises if this capsule
is also able to protect cells from an antibiotic treatment? Formosa et
al. answered thius question in a recent study conducted in 2015 [36].
In this study the effects of colistin, a last chance antibacterial from
the polymyxin class, were probed on both sensitive and colistin-re-
sistant strains of K. pneumoniae, using AFM in force spectroscopy
mode. Their local nanoindentation measurements showed that the cap-
sule was organized differently depending on the strains. Indeed, for
the sensitive strain, the force curve analysis revealed that the cap

sule was organized in a soft monolayer of polysaccharides, whereas
for the resistant strain, the capsule was harder and structured in several
superimposed layers (Fig. 3b). Upon treatment by colistin, only the
capsule of the sensitive strain was removed by the treatment, whereas
the capsule of the resistant strain remained. By combining this bio-
physical analysis with genotypic studies, the authors showed that in
the resistant strain, the mgrB gene was in fact inactivated, which leads
to a modification of the LPS present in the capsule. Therefore, using
nanoindentation measurement combined with genetic studies, the au-
thors established a link between the composition of the capsule and
its architecture, and showed that this capsular architecture was in fact
playing a key role in the protection of the cells from colistin treat-
ment. However, this resistance mechanism cannot be generalized to
all strains of K. pneumoniae, as determined by Mularski et al. in a
study conducted on different sensitive and colistin-resistant strains of
K. pneumoniae [37]. Their interpretation of force curves and capsule
thickness observations led them to hypothesize that the capsule or-
ganization had no physical role in colistin resistance, as Formosa et
al. suggested for the strains they used. For Mularski strains, the re-
maining capsule on the resistant strain upon colistin treatment was
due to the modification in this strain of the LPS caused by a muta-
tion in the PrmB sensor kinase. This, as the authors suggest, reduces
the negative charge of the outer membrane of the cells, affecting the
electrostatic interactions between colistin and LPS, thus leading to the
maintenance of the capsule on the cells. However on these strains, no
particular architecture of the capsule was observed, as shown on the
force curve presented in Fig. 3c, perhaps explaining the differences
between the two studies. But what is interesting to remember is that
with similar observations, i. e. the maintenance of the capsule upon
colistin treatment for colistin-resistant strains, different genetic mu-
tations were identified, and different mechanisms of resistance were
proposed. This confirms the usefulness of a technique as sensitive as
AFM to explore not only microbial resistance mechanisms in different
species, but also in different strains of the same species.

2.3. Probing the adhesive properties of microbes using AFM
technology

Adhesion, to surfaces or to other cells, is a key parameter for mi-
crobes. Indeed, while adhesion to host surfaces often represents the
first stage of an infection process, adhesion to abiotic surfaces or be-
tween cells are also major steps in the formation of biofilms. There-
fore, studying these adhesion mechanisms directly at the surface of
microbes, when they are interacting with antimicrobials for example,
or in native conditions, provides a wealth of information for devel-
oping new antimicrobial strategies. For this purpose AFM is partic-
ularly well-suited, as it can probe the interactions directly on living
cells using unmodified or AFM tips bio-modified with single mole-
cules or single cells. Using unmodified tips, it is already possible to
monitor for example the effects of antimicrobial molecules on the ad-
hesion properties of cells. Formosa et al. showed with the pathogenic
yeast C. albicans that exposure to a small dose of caspofungin led
to the overexpression of an adhesive protein (Als1p) at the surface
of the cells that could be probed using AFM [21]. In another study
conducted by Tajkarimi et al., unmodified tips were used to measure
non-specific adhesion forces on sensitive and resistant strains of the
bacterial species Listeria innocua and E. coli to disinfectant agents
(silver and benzalkonium chloride) [38]. Interestingly the authors of
this study showed that the “stickiness” of the strains was different de-
pending on their susceptibility profile, whereby the resistant strains
displayed increased adhesion forces compared to the sensitive strains.
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Fig. 3. Nanomechanical analysis of the capsule of Klebsiella pneumoniae. (a) Mechanical model for cell indentation of encapsulated bacteria by an AFM tip proposed by Wang et al.
In this model, four stages are identified. Capsule polysaccharides are the green lines and the red lines represent fimbriae. Each stage corresponds to a particular regime of the force
profile presented on the graph. Stage 1: long-range double layer repulsion between the negatively charged bacterial surface and the negatively charged silicon nitride AFM tip, fitted
to double layer theory (green line); Stage 2: steric or electrosteric interaction during compression of cell surface polymers, fitted to the Pincus theory (purple line); Stage 3: elastic
deformation of the compacted surface polymers, fitted to the Hertz theory (blue line); and Stage 4: compression of the bacterial cell cytoplasm, fitted to Hooke's law (black line). (b)
Indentation curves analysis of Formosa et al. reveals the capsular organization of colistin-resistant K. pneumoniae cells. The inset represent a force curve recorded on a cell in native
condition, fitted to the Hertz model. (c) Mechanical model of K. pneumoniae cell indentation proposed by Mularski et al. In this model, first stage consists in long-range double layer
interaction between charged tip and surface, then the tip indents the capsular polysaccharide and finally the cytoplasm. The graph represents a typical force profile of K. pneumoniae
cell in HEPES buffer (red) with Hooke’s law fit (blue) and derived parameters, bacterial spring constant, Kbacterium = 97 mN/m, and capsule thickness = 340 nm. Reprinted with per-
mission from Refs. [35–37].

Therefore, the authors, by measuring the adhesive properties of bacte-
ria, could develop a method to rapidly determine if bacterial cells are
resistant or not to antimicrobials.

Functionalizing AFM tips with biomolecules allows the direct
mapping of specific interactions at the surface of cells at the sin-
gle-molecule scale. For example, Gilbert et al. used tips functional-
ized by vancomycin, a glycopeptide used as a last-chance antibiotic,
to probe the cell surface of Lactococcus lactis, a model Gram-positive
bacterial strain [39]. This antimicrobial molecule is known to specif-
ically bind the D-Ala-D-Ala precursors of newly formed peptidogly-
can. Using this system, the authors mapped these specific binding
sites at the surface of cells and showed that the action of vancomycin
directly targeted the cellular division process, since adhesive events
were only recorded at the septum of dividing cells. Single-molecule
force spectroscopy can also be used to understand the mechanism of
action of new antimicrobial molecules. Indeed, in an effort to confront
bacterial resistance, new innovative molecules, against which no resis-
tance mechanisms have yet been developed, are currently being evalu-
ated for their antimicrobial efficiencies. Calixarenes are an example of
these innovative molecules; they have been shown to present antibac-
terial activities to both Gram-positive and Gram-negative bacterial
species [40], although their mechanism of action was still unknown.
In 2012, a study used functionalized AFM tips to determine the

mechanism of action of one of these calixarene molecules, named
Cx1, on the bacterial species Pseudomonas aeruginosa [41]. The au-
thors probed the cell surface of Cx1 treated cells with tips func-
tionalized with the lectin Concanavalin A that binds to carbohydrate
molecules such as peptidoglycan. The results of these experiments
showed that peptidoglycan could be directly unfolded only from the
surface of treated cells. By combining these results with imaging data
obtained on Cx1 treated supported phospholipidic membranes, the
authors hypothesized that the calixarene, presenting a high positive
charge, was in fact interacting with the negatively charged surface
of the Gram-negative bacteria and thus destabilizing it. This mech-
anism of action indicates that the inner peptidoglycan could be un-
folded from the treated cells using the functionalized AFM tip.

AFM tips can also be directly functionalized using single-cells.
This method, recently adapted to microbial studies [42], allows the
directquantification of the interactions between a cell and a surface
for example, but also between two different cells. Indeed, a power-
ful means for microbes to resist an antimicrobial treatment is through
formation of a biofilm. Biofilms are defined as cell communities pro-
tected by extracellular matrix, resulting in resistance to antimicrobial
treatments [43]. Understanding the molecular mechanisms underly-
ing biofilm formation would greatly contribute to the struggle against
bacterial resistance, by allowing the evaluation and identification of
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anti-adhesion compounds that would inhibit the formation of these
biofilms. Recent studies have shown the ability of single-cell force
spectroscopy to address this important issue. Beaussart et al. used
this technique to evaluate the activity of novel antiadhesive com-
pounds, mannofullrenes, which exhibit mannose residues capable of
interfering in the adhesion process of uropathogenic E. coli strains
to mannose moieties found on host epithelial cells [44]. E. coli cells
were used to functionalize AFM colloidal probesto measure the ad-
hesion forces with mannose-coated surfaces before and after addition
of mannofullrenes in the media at different concentrations. The re-
sults of these experiments showed that the adhesion of cells to man-
nose surfaces decreased gradually with the mannofullrene concentra-
tion, therefore showing the efficiency of the molecule to block attach-
ment of cells to host surfaces. In another recent study, the same tech-
nique of single-cell force spectroscopy was usedto evaluate the ac-
tivity of a new anti-adhesive compound on both the surface adhesion
and the cell aggregation processes involved in biofilm formation by
the bacterial pathogen S. aureus [10]. The authors were particularly
interested in the interactions mediated by the staphylococcal surface
protein SdrC. After showing that these proteic interactions were in-
volved in both cell-surface attachment and cell–cell interactions, they
used molecular modelling to identify a peptide derived from the neu-
ronal cell-adhesion molecule β-neurexin able to bind to a specific site
of the SdrC protein (Fig. 4a). Single-cell force spectroscopy experi

ments were then used to evaluate the anti-adhesion activity of this pep-
tide; the results presented in Fig. 4b showed that the peptide was in-
deed efficient to block the SdrC-mediated cell–cell adhesions, as well
as the adhesion of SdrC presenting cells to abiotic surfaces. These two
studies demonstrate that AFM studies with probes functionalized with
single-cells can be used to understand adhesion processes involved in
biofilm formation by pathogenic bacterial species, and additionally;
serve as a valuable tool to evaluate the efficiency of newly developed
anti-adhesive agents and show their potential as antimicrobials.

In conclusion, we have shown in this section how AFM can be
used not only to address the question of antimicrobial therapy and re-
sistance, but also of bacterial pathogenicity and virulence. Its imaging
capabilities, combined with its sensitive force measurement capacities
and the possibility to modify tips make AFM a valuable technology
to address clinical microbiology issues. However, all the studies pre-
sented data obtained from individual cells. Indeed, AFM is still a sin-
gle-cell technology. In order to go a step further, and bring this tech-
nology to for example a hospital lab, and use it as a method to rapidly
determine antimicrobial susceptibility, or strain identification, this sin-
gle-cell paradigm needs to be advanced. AFM needs to develop into a
high-throughput technology able to image or measure forces on entire
microbial populations in a limited timeframe.

Fig. 4. Blocking the cell–cell adhesion process mediated by the staphylococcal biofilm-forming protein SdrC using an anti-adhesive peptide derived from β-neurexin. (a) Molecular
model of the SdrC-peptide interaction. SdrC N2 and N3 sub-domains are colored green and yellow, respectively. The RPGSV and VDQYT sequences are colored blue and pink,
respectively. The peptide is shown in white in stick format. The image shown (Right) is rotated 42° compared with the view (Left). (b) Inhibition of cell–cell adhesion forces. Varia-
tion of the adhesion probability measured by SCFS for five L. lactis SdrC(+) cell pairs (different colors) upon addition of β-neurexin-derived peptide at increasing concentrations. As
a control, a scrambled peptide was tested (black symbols). On the right, optical images show L. lactis SdrC(+) bacteria before and after addition of 12.5 μM peptide. Reprinted with
permission from Ref. [10].
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3. Changing AFM paradigm: from single-cell technology to a
high-throughput instrument

In the fight against microbial resistance, high-throughput technolo-
gies are required. Indeed, developing tools that can rapidly detect and
characterize the response of populations of microorganisms to an an-
timicrobial would greatly aid in providing quick and efficient treat-
ments in the case of infections involving multi-drug resistant bacteria
or yeasts. Several strategies have been recently proposed to increase
experimental throughput using AFM technology. While one of these
strategies is focused on creating organized cell arrays, other strate-
gies take advantage of the AFM cantilevers by using them directly as
nanomechanical sensors or by adapting them with microfluidic sys-
tems.

3.1. Creating microbe arrays for AFM measurement

The first requirement for performing AFM experiments on biolog-
ical samples is to immobilize these samples. Indeed, since the tip ex-
erts mechanical forces on the cells, they must be immobilized firmly to
withstand these forces. Moreover, the immobilization strategy should
not denature the cell interface properties. Several techniques

have been already used to immobilize cells for AFM experiments. A
simple method is to fix them chemically on a solid substrate using glu-
taraldehyde [45], or by air drying [46]. Although these methods tallow
imaging of the microorganism’s ultrastructural features such as fim-
briae or flagella, they modify the interface of the sample by killing
the cells. Seeking non-denaturing immobilization methods for living
cells, two different strategies have emerged. One of them takes advan-
tage of the electrostatic interactions between a positively charged sur-
face, such as a polyethylenimine (PEI) coated glass slide, and a nega-
tively charged sample, such as a bacterial cell [47]. The other strategy
consists of mechanically trapping round shaped cells such as bacterial
cocci or yeasts in the pores of a polycarbonate membrane [48], or in
microstructured polydimethylsiloxane (PDMS) stamps [49].

Using these two strategies, techniques were then developed to di-
rect the immobilization of microbes onto predefined zones on sub-
strates to create arrays of living cells. One of the first studies in this
field is by Cerf et al., who immobilized single bacterial cells using
electrostatic interactions on APTES patterned surfaces (glass or sili-
con) (Fig. 5a). Although APTES can be toxic for bacterial cells, the
authors developed a fast and reliable method to create patterned cells,
and could compare the nanomechanical properties of E. coli cells be-
fore and after inactivation by heat treatment (Fig. 5b and c) [50]. In

Fig. 5. Creation of living cell arrays for AFM studies. (a) Dark field image of bacteria deposited on a microstructured surface with APTES functionalized patterns, (b) AFM deflection
image of a single E. coli cell deposited on these patterns and (c) corresponding elasticity map. (d and e) AFM deflection and height images of P. aeruginosa cells immobilized on
charge polyethylenimine (PEI) patterns. Varying the lateral size of the PEI patterns or their surface potential allows adjusting the number of cells immobilized on each PEI pattern.
(f) Elasticity map of P. aeruginosa cells immobilized on these patterns. (g) AFM height image of C. albicans cells immobilized in microstructured polydimethylsiloxane (PDMS)
stamps, and its corresponding elasticity (h) and adhesion images (i). Reprinted with permissions from Refs. [49–51].
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an effort to create bacterial arrays using non-toxic chemicals such as
3-Aminopropyltriethoxysilane (APTES), Jauvert et al., developed a
technique to develop patterns of PEI on poly(methyl methacrylate)
(PMMA) substrates by nanoxerography [51]. These substrates pre-
senting positive charges in confined places, were then incubated in
a suspension of Pseudomonas aeruginosa, leading to the electrosta-
tic immobilization of the cells on the patterns. The cell viability was
tested and PEI thin films were found to have no effect on the cell
membrane permeability to propidium iodide (fluorescent dye used in
the live/dead bacterial assay). They then imaged by AFM arrays of
PEI patterns on which 1–10 bacteria were immobilized, depending on
the charge density and the size of these patterns (Fig. 5d and e). They
also measured the nanomechanical properties of each cell on a pattern
and rapidly determined elasticity measurements for 10 different cells
(Fig. 5f). Finally in another study, Arnfinnsdottir et al. patterned poly-
dopamine using a micro-contact printing technique on anti-adhesive
polymers [52], allowing the organization of thousands of living E. coli
cells that could be further used for single cell analysis.

Formosa et al., used PDMS stamps to immobilize yeast cells (S.
cerevisiae and C. albicans), algae (Chlorella vulgaris), and round
organites from mammalian cells (nuclei) to create arrays for
round-shaped samples that cannot be immobilized on flat surfaces.
[7,49]. The PDMS stamp the authors used reproduces the microstruc-
ture of a silicon master generated by photolithography and reactive ion
etching (RIE). The patterns designed on this silicon master are squares
of 1.5–6 μm wide that form an array of holes in the PDMS stamp
(which is the negative reproduction of the silicon master). Round
shaped cells can then be trapped mechanically in these holes by con-
vective capillary deposition, which constitutes an efficient method to
reach high rates of hole filling. For instance, for C. albicans cells, fill-
ing rates of 85% were obtained by the authors, therefore making it
possible to analyze the heterogeneity of the cell population. Moreover,
using advanced multiparametric imaging modes, both height of the
sample and its surface properties (nanomechanical and adhesive prop-
erties) can be recorded in one acquisition. Such results are presented in
Fig. 5g–i. In this example, the scan performed on 85 cells shows that
the adhesive properties are not homogeneous amongst the cell popu-
lation, as a few cells (actually 3/85) show higher adhesion forces to-
wards the unmodified AFM tip (Fig. 5i).

These examples illustrate the fact that cell patterning is becom-
ing a topic of increasing interest. Indeed, in clinical microbiology, cell
patterning represents both the first step towards testing antimicrobial
drugs or agents on single microbes, and additionally a required method
to test and analyze a microbe population heterogeneity. We are con-
cerned in this review with microbes only, but cell arrays were also de-
veloped for mammalian cells; for example, patterning of extracellu-
lar matrix proteins by micro-contact printing was used to reconstruct
an average fluorescent or mechanical cell [53,54]. Although this ap-
proach of averaging the results might lead to a loss of information,
mechanical or adhesion spectrum data that would provide more infor-
mation could also be obtained using such techniques. In this perspec-
tive an automated AFM will be mandatory in the near future to per-
form mechanical or adhesion experiments on hundreds of cells. In this
system, the AFM tip will “fly” from cell to cell, patterned on defined
position, constructing cell after cell, the mechanical or adhesive spec-
trum of the microbe population in response to antimicrobial treatment
for example. Such systems could also be used to analyze cells isolated
from a tumor, or from any other biopsy, which would constitute an
advance in the transfer of AFM technologies to the hospital setting
where could serve in a diagnostic capacity.

3.2. Nanomechanical sensors and other innovative strategies
involving AFM

As a result of its high sensitivity, AFM also offers the possibility of
using cantilevers as label-free nanomechanical biosensors. The basic
principle of nanomechanical sensors is that molecular recognition be-
tween targeted molecules present in a sample solution and sensor-an-
chored receptors leads to a change of the mechanical properties that
can be transduced by the sensor [55]. But these types of cantilevers
can also be used to transduce small nanoscale vibrations emitted nat-
urally by living systems. While this possibility had already been ex-
ploited in 1999 to monitor the contractile behavior of living cardiomy-
ocytes, it was first used for microbial studies in 2004 by Pelling et al.,
who used cantilevers to detect the nanomechanical motion of living
yeast cells in physiological media [56]. The authors measured, while
in contact with the cells, the cantilever motion as a function of the
time, in an acoustically isolated environment. Their results showed
that in native conditions, the cell wall motion of cells was clearly os-
cillatory with an average amplitude around 3 nm. Using sodium azide,
a yeast metabolic inhibitor, they showed that these motions were in
fact due to metabolic processes taking place inside the cells, since af-
ter treatment the cell’s motion had an average amplitude reduced to
approximately 0.4 nm. Therefore AFM was used in this study to look
at the effects of a treatment on the “inside” of yeast cells, in a non-in-
vasive manner, without the use of chemical or fluorescent dyes. This
pioneer work opened the way to other studies performed mainly by
the group of Kasas in Switzerland, in which AFM cantilevers are used
for measuring a living microbe’s motions, interacting with or with-
out antimicrobial molecules. Indeed, this team developed a method in
which living bacteria are immobilized on a cantilever sensor, and fluc-
tuations are monitored using an AFM [57]. Movements of the bacte-
ria on the cantilever cause an increase in the amplitude of the fluctu-
ations of the sensor that vary depending on the medium used. Analy-
sis of the time-dependent fluctuation charts obtained then provide in-
formation on the metabolic activity of bacteria. In experiments per-
formed by the authors using this method, cells of E. coli were at-
tached to a cantilever, which induced an increase in the fluctuations
of the cantilever. After addition to the medium of a penicillin antibi-
otic (ampicillin), the fluctuations of the cantilever decreased to low
values, close to the ones obtained with a cantilever with no bacte-
ria attached (Fig. 6a). However, when the medium is complemented
with glucose, fluctuation of the cantilever increases again. These re-
sults show the link between high fluctuations and the bacterial meta-
bolic activity: when bacteria are in a medium that promotes meta-
bolic activity, fluctuations increase, and when they arekilled by an
antibiotic, fluctuations decrease. But an interesting point is that, tak-
ing advantage of the sensitivity of this method, the authors, by in-
troducing increasing concentrations of the antibiotic in the medium,
detected the concentration for which fluctuations started to decrease
and thus could calculate the minimal inhibitory concentration of the
antibiotic towards the bacterial strain tested. Therefore, this method
represents a fast and high-throughput way to determine the antibi-
otic susceptibility of bacterial strains, which constitutes a big step
towards using AFM technology in health-care systems. The authors
also showed the versatility of this method by performing similar ex-
periments on a resistant strain of E. coli, on Gram-positive bacte-
ria, and on fungal and mammalian cells [58]. In the case of the re-
sistant strain, the fluctuations of the cantilever first decreased upon
addition of the antibiotic, before increasing again, after 15–20 min,
returning to values obtained before exposure to the antibiotic, then
showing that resistant bacteria first undergo a metabolic shock before
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Fig. 6. High-throughput AFM-derived techniques to measure susceptibility to antimicrobial molecules. (a) Schematic description of the nanomechanical sensors developed by Kasas
team. In these nanomotion susceptibility tests, when the bacteria are not attached to the sensor, the fluctuations of the AFM cantilever are driven only by thermal motion and are
low. After the attachment of live bacteria, the fluctuations are linked to their metabolic activity and are high. Finally, after exposure to a bactericidal drug, the bacteria are non-viable
and the fluctuations return to low levels. (b) Schematic representation of microfluidic biomaterial cantilevers (BMC) developed by Etayash et al. The BMC is filled with bacteria
supported on a silicon substrate. At the bottom, it is coated with a 300 nm-thick layer of gold, which serves as a second element. The BMC is coated with a bacteria-targeted receptor
and irradiated with a specific wavelength of tunable infrared light. The inset on top is a SEM image of the cross-section of an inlet, located on bottom side of the chip. An aqueous
solution of bacteria is loaded from the inlet. In the lower panel, a cross-section of the 32 mm wide microchannel of the cantilever is presented. On the right is presented a fluorescent
image from the top side of the BMC, filled with bacteria, and a SEM image of the tip of the BMC. When the bacteria inside the BMC absorbs infrared light, local heat is generated
that results in the nanomechanical deflection of the BMC. The resonance frequency is sensitive to the increased mass caused by the adsorption of bacteria inside the BMC. When the
BMC is illuminated with a certain range of infrared light, a plot of the nanomechanical deflection of the BMC shows the wavelength where the bacteria absorb infrared light. This
can provide excell.

adapting to the presence of the antibiotic in the medium. Very recently
the same team showed the utility of this method in medical applica-
tionsby using it to detect the susceptibility profile of bacterial strains
directly in blood culture pellets [59].

Another approach also takes advantage of the sensitivity of the
AFM system and cantilevers to perform susceptibility testing for large
populations of microbes,by adapting these cantilevers with microflu-
idic systems. This particular approach was developed in a recent
study by Etayash et al. [60]. It consists of a bi-material cantilever
(BMC) with an embedded microfluidic channel with internal surfaces

that can be chemically or physically functionalized with receptors.
These receptors then capture bacteria in a suspension passing through
the channel; their adsorption inside the cantilever results in changes
in the cantilever deflection, similar to the Kasas system, but also
in the resonance frequency, providing information on the mass of
cells adsorbed. This system also includes a third mode of detection,
through the excitation of the trapped bacteria using an infrared ra-
diation that causes the cantilever to deflect in proportion to the in-
frared absorption of the bacteria. Its principle is represented in Fig. 6b.
Through this three-detection modes system, this device can serve for
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both bacterial strain identification and quantification, and addition-
ally for susceptibility testing. The authors of the study detected in a
suspension Listeria monocytogenes cells using a BMC coated either
with anti-L. monocytogenes monoclonal antibodies or with a L. mono-
cytogenes-targeted antimicrobial peptide. The results showed that L.
monocytogenes bacterial cells could be detected selectively from other
bacterial species, with a detection limit of a single cell per μL. In an-
other experiment performed in this study, the authors functionalized
the surfaces of the BMC with APTES in order to immobilize E. coli
cells. Growth medium containing different antibiotics were then in-
jected in the cantilever, which conducted to changes in resonance fre-
quency and cantilever deflection, therefore showing a clear effect of
the antibiotics on the bacterial cells.

In conclusion, this last section shows that AFM technology, thanks
to its nanoscale sensitivity, and combined with the technological de-
velopments described here (cell arrays generation, nanomechanical
sensors), is not limited to single-cell analysis. It can indeed become
a high-throughput technology, used in clinics to identify microbial
strains in a fluid, and to determine the susceptibility profiles of these
microbes towards antimicrobials with high sensitivity. These are key
steps in the choice of a treatment for a patient presenting with a mi-
crobial infection. New recommendations specifiy not using an antimi-
crobial on a patient without having identified the pathogens, with the
aim of controlling resistance proliferation [4]. But in some cases of
blood-stream infections for example, time is crucial in the patient di-
agnosis. The technological advances presented here would then allow
the shortenening in a significant way the time needed to perform these
analyses and therefore greatly contribute to a patients’ well-being.

4. Conclusion

After several decades of using every new antimicrobial molecule
available, microbial resistance has developed and spread all over the
world, leading societies back to what can be called the “pre-antibiotic
era”. Although antibiotics and antifungals have revolutionized the way
of treating infections, they are now to be used with high precaution,
especially for new antimicrobials against which no resistance mech-
anisms have emerged yet. The research effort to fight against micro-
bial resistance has therefore become a necessity. This effort has de-
veloped into two different axes; the search for new antimicrobial mol-
ecules on one side, and the development of fast and reliable identifi-
cation and susceptibility testing tools on the other. Although new an-
timicrobial molecules would greatly and immediately benefit the over-
all situation, microbes will always be faster and outrace us by de-
veloping new ways to resist. Therefore the second axis, developing
new tools, appears to be a strategic way to win the fight against mi-
crobial resistance in the long run. In this context, AFM, a tool orig-
inally developed by physicists, has shown in the last two decades its
capabilities for addressing clinical microbial issues. Indeed, we have
seen in this review that its high-resolution imaging ability combined
with its force probing of cells’ surface properties, make it an ideal
tool to understand the behavior of microbes towards antimicrobial
molecules (antibiotics, antifungals, antimicrobial peptides), and more
broadly, to antimicrobial treatments (electroporation, filtration). In a
short amount of time, a large number of studies have been performed,
with only a selection of them described in this reviewdemonstrat-
ing the large interest this technology triggers for microbiologists and
clinicians who use it to understand microbial responses to antimicro-
bial treatments. The generation of this knowledge forms the basis for
breaking the paradigm that AFM is only a single-cell technology con-
fined to fundamental research. And it is very recently that this situa

tion started to evolve, as some researches saw the potential of this
technology to provide methods to quickly and reliably identify and
characterize microbes at the population scale. Indeed, several research
teams have brought developments to the AFM towards this goal,
which focus on the two major components of AFM systems; the can-
tilever and the sample. While one strategy is to develop arrays of cells
on which AFM measurements could be multiplexed to analyze large
numbers of cells, the other strategy uses cantilevers as mechanical sen-
sors to identify and test the susceptibility profile of microbes. But the
aim of each strategy is the same: develop new methods to understand
and stop microbial resistance, using the high potential and high sensi-
tivity of AFM.
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